Most aquatic systems rely on a multitude of biogeochemical processes that are coupled with each other in a complex and dynamic manner. To understand such processes, minimally invasive analytical tools are required that allow continuous, real-time measurements of individual reactions in these complex systems. Optical chemical sensors can be used in the form of fiber-optic sensors, planar sensors, or as micro-and nanoparticles (MPs and NPs). All have their specific merits, but only the latter allow for visualization and quantification of chemical gradients over 3D structures. This review (with 147 references) summarizes recent developments mainly in the field of optical NP sensors relevant for chemical imaging in aquatic science. The review encompasses methods for signal read-out and imaging, preparation of NPs and MPs, and an overview of relevant MP/NP-based sensors. Additionally, examples of MP/NP-based sensors in aquatic systems such as corals, plant tissue, biofilms, sediments and watersediment interfaces, marine snow and in 3D bioprinting are given. We also address current challenges and future perspectives of NP-based sensing in aquatic systems in a concluding section.
Introduction
The development and application of optical chemical sensor systems has increased immensely over the last decades and optical sensors are now key analytical tools in chemistry, biomedicine, biogeochemistry, environmental and aquatic science [1] [2] [3] [4] [5] . Tools to visualize chemical gradients in dynamic, difficult to access systems are in high demand [6, 7] . They help understand complex processes or the ability of natural systems to adapt to environmental changes such as increasing temperatures [8, 9] , ocean acidification [9] or changes in salinity. Many of the used sensor systems rely on analytespecific changes in the optical properties, such as luminescence, which has advantages over electrochemical sensors. For example, luminescence-based sensor systems do not suffer from electromagnetic interferences [10, 11] , are inexpensive [11, 12] , easy to miniaturize [12] and optimize in terms of sensitivity [11, 13] . They also have very robust read-out options, such as ratiometric or lifetime-based read-out of the analyte-dependent optical signal [14, 15] . Especially, optical O 2 sensors enjoy increasing popularity, due to a multitude of advantages over their electrochemical counterpart, the Clark electrode [15] [16] [17] [18] . These include their tunable dynamic range towards trace O 2 measurements, their easy implementation in chambers or well plates for respirometry, imaging at various spatial scales, multi-analyte detection and that no O 2 is consumed during measurement [17] .
Two very well established optical sensing techniques in aquatic science are based on i) fiber-optic sensors and ii) planar optodes. Fiber-optic sensors allow continuous, on-site monitoring of analyte dynamics [19] such as O 2 [15, [20] [21] [22] [23] , Maria 
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T [23] , or pCO 2 [24] . They have a high spatio-temporal resolution and have been applied frequently in aquatic systems [15, [21] [22] [23] [24] [25] [26] e.g. for water monitoring [15] , monitoring of O 2 and pH conditions in marine invertebrates [27, 28] , aquatic eddy-correlation measurements [10, 15, 29] , and profiling in marine sediments [22] . Such microsensors enable detailed point measurements but mapping of larger areas is time consuming, and the extrapolation to larger scales is difficult, if not impossible, in heterogeneous, dynamic systems [25] . In contrast, planar optodes facilitate 2D mapping of O 2 [15, 18, [30] [31] [32] , pH values [31] [32] [33] [34] [35] , H 2 S [36] , pCO 2 [37] [38] [39] , NH 3 [40] , NH 4 + [41] and other chemical species over a planar area up to several cm 2 in size. Planar optodes thus allow measurements over larger areas, as long as they can be brought in close, direct physical contact with the sample. They are frequently used to visualize chemical gradients in sediments [32, 36, 37, 42, 43] , around worm burrows [31, 44] or root rhizospheres [44] [45] [46] [47] , but also in combination with cut coral samples and marine animals [48, 49] . More information on sensing with planar optode sensor foils and sampling gels can be found elsewhere [50] .
Besides chemical mapping over planar cross sections through a sample or e.g. at the base of biomass growing on top of a planar sensor foil [51] , there is demand for sensor systems capable of mapping the chemical landscape of spatially complex, flow-exposed surfaces. This can be accomplished by employing distributed sensing with optical indicators immobilized in sensor micro-and nanoparticles (MPs and NPs; together referred to as optical sensor particles [OSPs] ) in combination with luminescence imaging systems (Fig. 1c ) [25, [52] [53] [54] [55] [56] . Micro-and nanoparticle-based sensors can be coated or embedded into samples with a complex 3D structure (Fig. 1b) . This allows for the determination of chemical gradients and dynamics, provided that they exhibit a specific and fully reversible interaction with the analyte, i.e., exhibit the characteristics of true sensors [1] . This review focuses on polymer-based, optical sensor NPs, but includes important MPs as well, which have been used successfully in aquatic sciences or hold a strong potential for future application.
Imaging set-up
Luminescence-based optical sensing with optical sensor particles (OSPs) relies on the same sensing principles as their fiber-optic or planar optode counterparts, such as luminescence quenching, Förster resonance energy transfer (FRET) or acidbase equilibria [1] . A luminescent indicator dye, incorporated in the OSP is excited via an external excitation source. When returning from the excited state to the ground state via radiative de-excitation, photons of a higher wavelength than the excitation wavelength are emitted as luminescence; either via fast decaying fluorescence or slower decaying phosphorescence. There are also non-radiative de-excitation pathways, which are of importance for optical, chemical sensor systems. For example, O 2 determination utilizes the non-radiative de-excitation of the indicator dye resulting from collisional quenching, which transfers excess energy to the quencher, i.e., molecular oxygen. Thus, luminescence is stronger in the absence of O 2 , but quenched in its presence [50] . Fig. 1 Underlying principle of ratiometric luminescence imaging for particle-based optical sensing. a An example of sensor chemistry optimized for different channels of a camera system. A 2-CCD camera is used for sensing in the green, and NIR channel, whereas the blue channel overlaps with the excitation light. Upon blue excitation (458 nm), the reference dye (Macrolex Fluorescence yellow ®, MFY) emits in the green channel, whereas the O 2 sensitive platinum(II) meso-tetra(4-fuorophenyl)tetra-benzoporphyrin (PtTPTBPF) dye emits in the NIR channel of the camera. The luminescence intensity of the O 2 sensitive dye is high under anoxic conditions (peak Bdeoxygenated^) and is quenched in the presence of O 2 (peak Bair saturated^). A long-pass emission filter (OG 515) blocks light outside of the indicated spectral window from reaching the camera chip. [58] -Published by The Royal For spatial mapping with OSPs, optical sensor systems rely on imaging analyte concentration-dependent changes in photon emission with camera systems for ratiometric luminescence imaging [31, 32, 57, 58] or for lifetime-based luminescence imaging [55, 59, 60] . Pure luminescence intensity imaging suffers from various drawbacks. These include sensitivity to heterogeneities of the excitation light or indicator/ particle concentration over the sample, interference from background light, or fluctuations in the detector; all resulting in a unreliable read-out [15, 57] .
Ratiometric luminescence imaging
Ratiometric imaging with optical sensor particles typically relies on a two-dye system; i) an inert reference dye, and ii) an analyte sensitive dye, both immobilized in a polymer matrix -either within the same particle or as individual particles. An elegant, but rarely used option employs a single dye with dual emission. There are e.g. indicator dyes, which show O 2 -sensitive phosphorescence as well as O 2 -insensitive fluorescence emission, which can be used for self-referencing [61] [62] [63] [64] [65] . In a two-dye system, ideally both reference and analyte sensitive dye are excited at the same wavelength and emit at different regions in the electromagnetic spectrum. This is then recorded with a camera systems via spectral separation, either using an image splitter or filter wheel in front of a monochrome camera [49] , a multichannel RGB [31] or RGB-NIR camera system [32, 57] . When using commercial single-lens-reflex (SLR) cameras, the NIR filter is frequently removed to increase the sensitivity of the camera to red light. If a SLR camera is used for read-out, emission from reference and analyte-sensitive dye should ideally show no overlap and occur in different sensitive channels (blue, green, red) of the camera to avoid cross-talk between the channels [31, 57] . Interferences caused by this overlap can be avoided by the use of additional optical filters [14, 66] . When using a 2-CCD camera an additional sensitive channel in the near infra-red (NIR) range is added, and NIR emitting dyes can be used as well (Fig. 1a) [57] .
Post-acquisition, recorded images are split into the different channels, and ratios are calculated (Eq. 1 [31] , Eq. 2 [32, 52] ), resulting in a pixel intensity ratio image 'R'.
Due to this spectral overlap of the blue and green channel as well as the green and red channel, sometimes a change in analyte concentration can affect the intensity read out of the reference dye channel. To compensate for that the reference dye channel can be subtracted from the indicator dye channel (Eq. 1) [31] . Such interference can be further minimized by optimizing the used dye combination for minimal spectral overlaps and thus cross-talks between individual channels.
For calibration, ratio images are recorded at different defined analyte concentrations (Fig. 2a) , from which a calibration curve can be obtained (Fig. 2b , shows an example of a calibration curve for O 2 sensitive NPs). The calibration curve can be fitted with a function, which is subsequently used to calibrate ratio-images from actual experiments. This can be done using an image-analysis software (e.g. the freely available software ImageJ [32, 52, 53, 67] ).
For an ideal O 2 -sensitive sensors (or in general sensors based on dynamic quenching [68] ) a linear response can be described by the Stern-Volmer relation (Eq. 3) using either the luminescence intensity or lifetime in the absence (I 0 ; τ 0 ) or presence (I, τ) of the quencher (Q).
[Q] is the concentration of the quencher (in this case O 2 ), and K SV the Stern-Volmer constant, which is a measure for the sensitivity of a dye towards the quencher [15, 68, 69] .
Ideally, the correlation between I 0 /I or τ 0 /τ and [Q] is linear, however, in reality when static and dynamic quenching occurs simultaneously, and the polymer matrix influences the local quenchability of the dye, the correlation deviates from linearity [15, 68, 69] . This non-linear correlation can be described using the so called Btwo-Site model^(Eq. 4), which additionally takes the fractions of the total emission from differently quenched sites (f 1 and f 2 ) as well as the respective quenching coefficient (K SV  1 and K SV   2 ) into account [15, 70, 71] . While the Two-Site model actually describes luminescence intensities, it can also be used to fit luminescence decay time dependencies on analyte concentration [61, 72] . In the latter case, the model describes a double-exponential decay, where both decay functions are different due to non-identical accessibility of the sites to the quencher, which are therefore described individually. The Two-Site model can be further extended to include additional quenching sites and decay functions, however, in practice Eq. 4 provides a good description of experimental calibration data [71] and is frequently used.
Calibrated images can be color-coded to better visualize the analyte distribution at a certain time point, the formation of hotspots, or the development of gradients over time. Ratiometric luminescence imaging can be realized with relatively inexpensive camera setups and largely corrects for heterogeneous luminophore concentrations or excitation light distribution [31, 32, 69] . However, ratiometric imaging can be prone to light scattering and background luminescence artefacts [61] , and artefacts due to differential binding, leaching or bleaching of the reference and indicator reporting dye [57, 73] .
Luminescence lifetime-based imaging
Luminescence lifetime imaging monitors the analytedependent decay time of the indicator luminophore [60] . The time dependence of emission can be described by an exponential decay, where the time constant is expressed as luminescence lifetime (τ). In order to get the decay function, 3 Time-domain luminescence lifetime imaging. a Rapid lifetime determination (RLD) determines the luminescence lifetime by imaging two time windows during the decay phase of the indicator dye. A third window can be acquired after the complete decay of the luminophore to subtract background luminescence. b Dual lifetime referencing (DLR) uses a reference dye of longer lifetime and an indicator dye of shorter lifetime. Images are acquired at the time points t 1 (during excitation) and t 2 (during the decay phase) over a certain time interval (grey box), which is integrated (A 1 and A 2 ). c Dual lifetime determination (DLR) can determine the luminescence lifetime of two indicator dyes. Two time windows are imaged during the overlapping decay of both luminophores, and two time windows are taken after the complete de-excitation of the shorter-lived luminophore. In all three cases, the integrated luminescence signals in the time intervals are used to calculate the luminescence lifetime τ (see Eq. 5) the luminophore is excited by a short light pulse, and the luminescence decay as a function of time is subsequently measured. This can be done either with photon counting detectors, while scanning over the field of view or via dedicated lifetime imaging systems [74] . Thus, luminescence lifetime-based imaging systems typically rely on a precisely pulsed light source and high speed camera systems with fast gate-able shutters [14] . Luminescence lifetimes can be determined either in the time-domain (Fig. 3) or the frequency-domain (Fig. 4 ) [16] .
Time-domain measurements
Time-domain measurements of luminescence lifetimes use short, square-shaped light pulses (e.g. from a pulsed LED or laser [69, 75] ) to excite the luminophore. The luminescence decay over time is either recorded via timecorrelated single-photon counting or via acquisition of images at defined times after the excitation pulse. In order to detect lifetimes in the ns range, cameras with very short exposure times are required [76] . Several variations of this measuring scheme are used (Fig. 3 , modified from Stich et al. [77] ):
Rapid lifetime detection (RLD; Fig. 3a ) records luminescence in two time windows of equal length, measured at specific times (t 1 and t 2 ) in the emission phase. Lifetimes are calculated from Eq. 5 [77] by integration of the luminescence signal in each time window [16, 69, 77] . A major advantage of RLD is that it is not affected by photo-bleaching, as A 1 and A 2 are reduced similarly, and this is compensated for via the ratio [77] . The detection method for RLD is always gated [16] .
ii) Dual lifetime referencing (DLR; Fig. 3b ) employs two luminophores, an indicator dye with a short lifetime (e.g. <100 ns) and a reference dye with a longer lifetime. Both dyes are excitable at the same wavelength with overlapping emission spectra, but different luminescence decay times. The camera records two time windows, one during the excitation phase (t 1 ; emission from both luminophores) and one in the decay phase (t 2 ; only emission from reference dye). The ratio of the two time-integrated luminescence signals, A 1 and A 2 , can be correlated to the analyte concentration. The first window (signal) contains both the phosphorescence and fluorescence signal, while the second window only records the phosphorescence signal as the fluorescence already decayed. However, the individual lifetimes of each luminophore are not determined by this method. iii) Dual lifetime determination (DLD, Fig. 3c ) is similar to RLD but done simultaneously for two luminophores with decay times differing by a factor of at least 10. A total of four time windows (and four integrated time intervals) are measured. t 1 and t 2 overlap with the decay curve of both luminophores and have the same time span, whereas t 3 and t 4 overlap exclusively with the decay curve of the longer-lived luminophore. t 3 and t 4 last for the same time interval as well, which can however differ from t 1 and t 2 . Lifetimes are calculated using Eq. 5 for each luminophore [16, 77] .
Imaging luminescence lifetime instead of luminescence intensity has the advantage that the signal exclusively depends on recording an analyte-dependent, time-dynamic signal change. This signal is not dependent on the absolute luminophore concentration as long as enough luminescence is generated to enable a sufficient signal to noise ratio in such measurements. Leaching, bleaching or varying thickness of the sensor-layer, inhomogeneous illumination by the excitation source [16, 74] , or light scattering effects [77] are thus minimal. Additionally, background luminescence does not interfere, as long as the lifetime of the interfering compound differs from the luminophore lifetime [60] .
Frequently used camera systems for time-domain luminescence imaging use fast gate-able CCD cameras such as the PCO SensiCam series (pco.de). This timedomain based camera system series has been discontinued from the company but is still widely used in research. The 'SensiCam qe' [48, 56, 78, 79 ] is a fast gate-able, cooled 12bit CCD camera, which allows exposure times as low as 500 ns up to 3600 s, has a high spectral sensitivity even in the NIR range, and has a resolution 1376 × 1040 pixel resolving 6.45 μm pixel −1 . The SensiCam SensiMod is also frequently applied [60, 80, 81] , it has similar imaging characteristics but a lower pixel resolution of 640 × 480 pixels [59, 60] . Alternatively, time-correlated photon counting imaging systems for fluorescence (FLIM) or phosphorescent (PLIM) lifetime imaging are frequently used in connection with microscopic imaging [74, 82, 83] .
Frequency-domain measurements
Frequency-domain measurements of luminescence lifetimes use a harmonically modulated light source instead of a light pulse for excitation of the luminophore (Fig. 4) . This results in a modulated luminescence emission, which is phase-shifted in regard to the excitation wavelength according to the luminescence lifetime, but follows the excitation frequency [16, 76, 77] . Possible light sources described in literature encompass modulated laser diodes, LEDs or super-continuum lasers [84] [85] [86] . Frequency-domain-based lifetime imaging is fast and accurate but requires fast cameras that can be frequency modulated [84] . For a mono-exponential decay of the luminescence lifetime, τ can be calculated via the phase shift (ϕ) and the constant modulation frequency ( f ) as [16] .
This method is widely used as a readout method in fiberoptic optode meters, while it is rarely employed for luminescence lifetime imaging. Cameras enabling frequency domain based imaging are relatively new and only few commercial systems are available: The pco.flim camera system (pco.de) [76] can measure luminescence lifetimes of 100 ps -100 μs with a pixel resolution of 1008 × 1008 pixels and selectable exposure times from 10 ns to 10 s. The Toggle camera system (lambertinstruments.com) can measure luminescence lifetimes in the ps -μs range at up to 30 lifetime images per second at a pixel resolution of 504 × 512 pixels. Both camera systems can be used flexibly with macro objectives or mounted on a microscope.
Sensor nanoparticles and microparticles For optical sensing, the sensor chemistry is incorporated into polymer OSP. Depending on the read-out method such OSP can contain a single, analyte-sensitive luminescent dye (for lifetime-based read-out), or an analyte-sensitive dye either in combination with a donor dye, or a reference dye (for ratiometric readout). The added donor dye can increase the measured luminescence intensity. [15] . Table 1 lists analyte sensitive dyes or 'indicator dyes' that have been used in literature for OSPbased optical sensing and their abbreviations. Their use and specific preparation are summarized in the supplementary material. Depending on the application, other additives can be incorporated in the sensor particles to modify e.g. their magnetic, optical or surface properties. Superparamagnetic nanoparticles [25, [87] [88] [89] can thus be included in order to magnetically control the OSPs. Also scattering agents such as hydrophilic TiO 2 can be incorporated in the OSPs enhancing their optical brightness [89] . Tables 2, 3 , 4, and 5 summarize different polymer-based optical particles, their composition, specifics, preparation and application. We note that some listed OSPs have not yet been used in aquatic systems, but showed promising results and no cytotoxicity e.g. in human or animal cell cultures. These particles might thus also be suitable for future aquatic and environmental applications.
For application of OSPs in aquatic systems, it is important that neither the dye(s) nor the polymer matrix show toxicity effects or chemically alter the surrounding environment. Silica is e.g. frequently used to incorporate toxic indicator dyes in OSPs enhancing their biocompatibility [3] . The dyes must not leach out of the matrix and need to be immobilized in the OSPs. The particles should not aggregate, which means that the surface properties of the OSPs may need modification such as, e.g. the deposition of an inert material as shell on the surface [90] or the functionalization of the surface with polar groups [1] . The OSPs should be stable for several days to e.g. allow long-term measurements, sample acclimation, particle binding or perfusion after exposing it to the OSPs. Therefore, photo-bleaching needs to be taken into consideration as well. An additional challenge for applying OSPs in aquatic habitats is the strong dynamics of environmental parameters. These comprise temperature (polar regions to hot springs), salinity (freshwater to hypersaline waters and intertidal zones), pressure and solar irradiance (deep-sea to surface waters), water movement (stagnant ponds to fast streams), and viscosity (water, sediments and tissues) [15] .
Apart from their ability to measure and visualize complex spatio-temporal chemical gradients via distribution of OSPs over complex 3D structures, OSPs have other advantages such as: i) a high surface-to-volume ratio, making them fast responding and highly accessible for analytes, ii) good signal-to-noise ratios due to high dye loading concentrations in NPs, iii) possibility to load multiple indicator dyes into particles or mix OSPs with different indicators, and vi) optimization of particle binding or perfusion in samples via surface modification of OSPs [91] .
There are various methods to produce polymeric, optical MPs and NPs. The six most frequently employed techniques, namely i) precipitation, ii) microemulsion polymerization, iii) mini-emulsion solvent evaporation (MESE), vi) core-shell staining, v) sol-gel and vi) spray drying preparation are described below (Fig. 5 ), together with their specific advantages 
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Core-Shell staining
Core stained:
Shell stained: Precipitation-based nanoparticle preparation Precipitationbased NP (Fig. 5a ) preparation relies on the different solubility of a polymer in two miscible solvents of different polarity. First the polymer is added to a solvent in which it dissolves easily. Subsequently, the polymer solution is poured into a solvent of different polarity (e.g. from an organic solvent into water), where the polymer precipitates, and forms particles in order to minimize the surface area. The analyte-sensitive dye, relevant reference dyes, and additives such as magnetic NPs [88] can be dissolved together with the polymer and are incorporated into the polymer matrix upon precipitation, forming analyte-sensitive NPs [104, 105] . The first solvent, in which the polymer is well soluble, is then removed via evaporation, and the solution can be further concentrated as required [88, 104] . This method has been used to produce O 2 sensitive NPs for aquatic applications, such as the production of artificial sediment [53] , for spray-coating coral fragments [52] , or 3D bioprinting of algae and other cells in hydrogels functionalized with NPs [67] (See BOptical sensor particles: current and future applications^section for more details). The major advantages of this technique are the fast, cheap and easy production of NPs. No expensive, complicated laboratory equipment or excessive chemical knowledge is required and large amounts of NPs can be produced in a very short period of time (hours). Another advantage is the possibility to modify the surface of the polymer NPs. Mistlberger et al. [88] have modified the sensor particle surface: i) Fluorophores such as indicator dyes or fluorescent labels were covalently bound to the carboxyl groups at the NPs surface; ii) The enzyme glucose oxidase (GOX) was linked to the particle surface via amino groups; iii) Stimuli-responsive polymers were polymerized around the core sensor NP to produce e.g. particles that change size upon temperature change; iv) Layer-by-layer deposition of alternating positively and negatively charged polymers.
Microemulsion polymerization A microemulsion is a stable, transparent mixture of two immiscible liquids (such as oil and water), and (co)surfactants in order to e.g. lower the tension of the oil-water interface [11, 106] . For the polymerization (Fig. 5b) , the monomer can be present in either the aquatic or oil phase. Radical polymerization is started by an initiator, resulting in the formation of oligomeric radical chains that become trapped in the lipophilic micelles with increasing chain length. The chains continue to grow as long as monomer is supplied (e.g. from the surrounding solution or from nonnucleated micelles, which collide with the nucleated micelle containing the growing polymer chain). The polymerization is terminated by a chain-transfer reaction to a monomer [106] . [107] . It also produces small NPs with narrow size distributions [106] in high yields [108] . However, it requires emulsifiers and is more complicated and expensive in comparison to e.g. the precipitation technique for sensor NP formation. However, the frequently used emulsifier sodium dodecyl sulfate (SDS) is denaturizing and should be replaced with a more biocompatible emulsifier when making NPs for biological applications [107] .
Mini-emulsion solvent evaporation technique Mini-emulsion solvent evaporation (MESE; Fig. 5c ) is based on a two-phase system. The polymer, the dye chemistry and relevant additives are dissolved in an organic solvent and mixed with deionized water treated with an emulsifier. The mixture is cooled in an ice bath and sonicated using a high-energy probe sonicator at a certain amplitude for a certain amount of time. After particle formation, the solvent is in equilibrium between the aqueous phase and the organic phase (droplets). The solvent is removed from the aqueous phase by evaporation. Consequently, to maintain equilibrium, the solvent is driven out of the NP into the aqueous phase, reducing the size of the NP. Variations in NP size (40-200 nm) depend on factors such as viscosity of the organic phase, mechanical shear stress (sonication), solvent evaporation [109] , polymer concentration, as well as emulsifier concentration [107] . If suitable emulsifiers are available, both O/W as well as W/O systems are possible in MESE. The technique is more costly than NP precipitation or spray drying (see below), but very flexible regarding materials and solvents. In comparison to the other NP precipitation techniques, MESE enables the fabrication of larger amounts of optical sensor NPs with a narrow size distribution [107] .
Polymer staining A core-shell structured block-copolymer can be used in combination with different solvents in order to stain either the core or the shell of polymer NPs with a lipophilic indicator dye. Borisov et al. [79] described the fabrication of different analyte-sensitive NPs based on swelling and dye diffusion into a polymeric core-shell system. Here the core polymer was hydrophobic polystyrene (PS), while the shell was the highly biocompatible and hydrophilic polymer poly(-vinylpyrrolidone) (PVP) [79, 110] . NPs based on this copolymer are easily dispersible in water and show no leaching of indicator dye. Additionally, they can be freeze-dried and Fluorescence measurements via fluorometer. Ratiometric read-out (RGB camera).
[131] Fluorescence spectra recorded using luminescence spectrometer.
[99] BME-44 [ 147] stored for an indefinite amount of time and can simply be redispersed prior to their application. Depending on the used solvents, either the core or the shell can be stained with a lipophilic dye (Fig. 5d) . A THF:water mix (50:50 v/v) is used to stain the core, while an ethanol:water mix (70:30 v/v) is employed for staining the shell [94] . It is recommended to incorporate O 2 and temperature sensitive dyes in the core in order to shield them from potential other quenchers (e.g. halides) and minimize potential leaching of singlet oxygen formed during the measurement, while pH, chloride and copper ion-sensitive dyes should be incorporated into the shell to allow sufficient permeation from the surrounding medium [94] . Many different indicator dyes for O 2 [79] and pH values [95] have been incorporated into core-shell NPs. The unstained nanoparticles are commercially available. The fabrication of these stained core-shell NPs is overall very easy and can be done in large quantities. They do not aggregate and are apparently non-toxic [94, 95] .
Sol-gel materials Hydrolysis and poly-condensation of organometallic compounds such as silicon alkoxides at low temperatures result in the formation of a porous, transparent glass-like structure referred to as sol-gel (Fig. 5e ). The size of the pores in sol-gel can be controlled by the choice and amount of used precursor as well as the conditions during the reaction. The solgel process takes place in 4 steps [111] : 1) mixing the metal alkoxide precursor (most commonly used precursor [112] ) with water, an acidic or basic catalyst and a solvent to form a solution (=sol formation) [111] . Basic catalysis of the condensation reaction predominantly results in small NPs, whereas acidic catalysis results in branching, linear shapes [112] . 2) Gelation: the precursor (e.g. Si(OCH 3 ) 4 ) hydrolyses, forming silanol groups, which subsequently form siloxane polymers upon condensation. In other words bridging bonds are formed from reactive sites [112] . This siloxane and silanol polycondensate forms amorphous, gelSiO 2 clusters (=gel, vial sol-gel transition) with the silanol groups located at the surface of the gel. 3) Aging: in this step the polycondensation reactions continue, while the gel is kept in liquid. 4) Drying: the solvents are removed from the porous gel [111] . Indicator dyes can be added either during the sol or the gel formation, and it is also possible to introduce magnetic NPs, resulting in magnetic OSPs [89] . Production of sol-gel materials is environmentally friendly by avoiding organic solvents or surfactants, which are frequently used in other OSP preparation techniques [113] . Their 'soft' chemical production, i.e., preparation at room temperature and ambient air pressure [3, 114] , and their porous, easily modifiable structure, which is optically transparent, chemically inert and thermally stable [3, 114, 115 ] is a great advantage of sol-gel materials. As the luminophore/indicator dye is only physically entrapped in the sol-gel, its spectral properties remain close to unchanged upon OSP preparation. Physical entrapment can easily be optimized in this system as the pore-size is tunable by the reaction conditions [90, 114] ensuring that the luminophore is entrapped, while the analyte of interest is still able to diffuse into the particle [114] . Sol-Gel OSPs are biocompatible and non-toxic [90] , making them suitable candidates for applications in biological systems.
The particle sizes and shape is influenced by many factors during the production. It is described in literature that the use of metal alkoxides allows the fabrication of particle sizes in the range of 20 nm -1 μm [116] . The amount of base catalyst, as well as the chosen co-solvent greatly influence the final particles size [113] . Growth of round particles takes place in sols when most -OR groups have been hydrolyzed. Particles start growing as result of condensation of the formed -OH groups. Then, so called Oswald ripening can takes place, where larger particles get bigger while smaller particles disappear. Size can be controlled for instance by avoiding agglomeration to larger particles via e.g. centrifugal deposition of the formed particles, or volatilization of the solvent [112, 116] .
Spray drying Here, a polymer is dissolved together with the indicator dye and eventually magnetic nanoparticles in an organic solvent and sprayed into a heated beaker using an airbrush (Fig. 5f ). Spray drying results in hollow, porous and fast responding sensor microparticles (1-30 μm) [107] . The particles are dispersed in ethanol, hydrolyzed in an ultrasonic bath and washed with water [117] . Spray drying-based fabrication results in a very homogenous distribution of the dispersed microparticles, due to the fast evaporation of the solvent, which is an advantage in comparison to precipitation or polymerization techniques [118] . Overall, this is a very easy and user-friendly technique. It allows the use of various polymers, solvents and additives, relies on low-cost equipment and does not need e.g. emulsifiers which would have to be removed [117, 118] .
Optical sensor particles: current and future applications
Optical sensor particles are ideal micro-environmental analysis tools when measuring spatio-temporal dynamics of chemical parameters over heterogeneous surfaces. Such samples Fig. 5 Preparation of optical sensor nanoparticles (a) Precipitationbased nanoparticle preparation. The water insoluble polymer, the indicator dye, a possible reference dye, and other additives (e.g. magnetite) are dissolved in a water miscible organic solvent. Upon addition of water, the polymer forms spheres precipitating from the solution. Subsequently, the solvent is removed and the solution can be further concentrated to the required nanoparticle concentration. b Microemulsion polymerization takes place in a two-phase system (e.g. oil and water). The initiator starts the radical polymerization in the aqueous phase. With increasing chain length, the oligomeric radicals are better soluble in the oil -droplets and are trapped in the micelles. Scheme adapted from Bonham et al. [108] . c Mini-emulsion solvent evaporation technique used for NP preparation. Two immiscible phases, an organic phase containing the polymer, dye and magnetic nanoparticles, and a water phase with the emulsifier are emulsified via sonication, forming nanodroplets. The solvent is in equilibrium in the water phase and the droplets. Upon evaporation of the solvent, the nanoparticles shrink to their final size. d Controlled staining of core-shell nanoparticles. Exemplified for poly(styrene-co-vinylpyrrolidone) (PS-PVP) NPs. Left: The NP shell is stained by dispersing the block copolymer, and dissolving the lipophilic dyes in an ethanol:water mix (70:30 v/v). The ethanol concentration is lowered, forcing the dyes into the hydrophilic shell. No swelling in ethanol:water mixture is observed in comparison to just water. Right: In order to stain the core, the block copolymer is dispersed in a THF:water mix (50:50 v/v). The dyes are dissolved in THF and added dropwise to the emulsion. Removing the THF forces the lipophilic dyes into the lipophilic core. Swelling of the NP is observed. e Sol -Gel nanoparticles.
Step 1 Mixing: the precursor (e.g. Si(OCH 3 ) 4 ), the acidic catalyst, and the indicator dye are mixed in a solvent. 2. Gelation: the precursor hydrolyses to silanol and subsequently condenses to siloxane. 3. Aging: the polycondensation reaction continues. 4. Drying: the solvents are removed leaving the porous sensor NP. f Spray-drying method to produce optical microparticles. A cocktail containing the dissolved polymer, dye and magnetic NPs is sprayed in a beaker. The solvent is evaporated and the hydrophobic microparticles hydrolyze, resulting in hydrophilic microparticles (1-30 μm) include the root-systems (rhizosphere) of plants [53, 54] , coral surfaces [52] , biofilms and other abiotic and biotic matrices with complex structures. OSPs enable 2D chemical imaging without close contact to a sensor foil, and thus overcome many of the limitations of more commonly used planar optodes and microsensor-based techniques. In addition, optical sensor NPs can be incorporated into transparent media, such as artificial sediment [53, 54] , alginate beads [119] or in 3D bioprinted constructs [67] , thus enabling precise alignment and visual assessment of the structures of the sample with the chemical images. In the following, we give an overview of typical and future applications of optical sensor particles for imaging chemical parameters in aquatic systems.
Imaging of O 2 in samples with complex surface topography
Coral tissue surface spray-painted with optical sensor nanoparticles O 2 sensitive optical sensor NPs have been used to map the tissue surface O 2 concentration over coral fragments ( Fig. 6 ; [52] ). This NP-based approach allowed for precise assessment of coral O 2 production and consumption at high spatiotemporal resolution (~0.1 mm resolution; <10 s response time) over areas ranging from several cm 2 of coral tissue to individual <1-2 mm wide coral polyps. The O 2 -sensitive sensor NPs were produced via precipitation using PtTFPP (Fig. S1 ) as indicator dye and MY as reference dye in a PSMA polymer matrix. They were spray-painted onto small coral fragments using a conventional airbrush, which enabled covering the whole coral tissue surface with a thin and even distribution of sensor NPs [52] . Net photosynthetic O 2 production by the coral microalgal symbionts in the light, and the combined respiration of symbionts and coral animal tissue in darkness confirmed that the thin layer of optical sensor NPs did not significantly compromise coral health during the O 2 imaging [52] . Chemical O 2 images were recorded using a ratiometric luminescence imaging system [31] , employing a simple SLR camera equipped with a macro-objective and a long-pass filter (455 nm), while the sensor NPs were excited by a 405 nm LED combined with a bandpass filter. One of the major advances of this technique is that the optical sensor NPs do not create a diffusion barrier causing smearing effects in the O 2 images, as can be seen when pressing surfaces up against a planar optode (e.g. Meysman et al. [120] ). Drawbacks of the method are, however, that the sensor NPs are limited to controlled laboratory measurements on corals, or other biological samples, without fluorescent host pigments (e.g., green fluorescent protein (GFP-like pigments in corals [121] ), as this can lead to an increased signal in the green channel and thus false O 2 readings [52] . However, this can be alleviated by using luminescence lifetime-based imaging for readout, which is not sensitive to such sample background fluorescence (see BMagnetic optical sensor particles^section). The ratiometric imaging approach described by Koren et al. [52] , enabled linking different tissue types (e.g., polyp tissue versus connective coenosarc tissue between individual coral polyps) as well as healthy in comparison to stressed tissue areas, with the heterogeneity in the O 2 concentration and dynamics over the whole coral tissue surface. While this study used O 2 -sensitive NPs that were passively adhering to the coral tissue surface, even under flow, active immobilization of such sensor NPs is possible either by functionalizing the NP surface for active binding to tissue surfaces or by using magnetized particles as outlined in the following section.
Magnetic optical sensor particles
Magnetic optical O 2 sensor MPs (~80-100 μm) were developed to visualize surface O 2 concentrations and dynamics in corals with fluorescent host pigments [25] . Here, the O 2 sensitive sensor microparticles contained the NIR-emitting luminophore PtTPTBPF (Fig. S1 ) and were immobilized on the coral polyp surface via a strong magnetic field (Fig. 7) . A luminescence lifetime imaging system, consisting of a sensitive fast gate-able camera was used for data acquisition [59, 60] . The utilization of a red light excitable, NIR-emitting O 2 indicator dye has several advantages. Red light induces lower excitation light stress than under UVor blue excitation, which can trigger biological responses. The spectral characteristics of the sensor enable combining the sensor particles with variable chlorophyll fluorescence imaging, GFP-reporters or DNA stains, e.g. allowing for quantification of coral host pigments, without interference from the sensor particle readout [25] . The magnetic sensor particles were used to map the spatiotemporal dynamics of the coral polyp O 2 microenvironment as a function of coral host pigments and light intensities. However, much less efficient areal coverage than in the NPbased study of Koren et al. [52] was achieved, mainly due to excessive mucus formation sloughing off sensor MPs over time. Nevertheless, the ability to superimpose sensor particle-based chemical O 2 images onto structural coral images enables novel experimental studies linking the distribution and dynamics of photosynthesis and respiration to the coral surface topography and particular tissue types with different pigmentation and density of symbionts and microbes. Similar studies can also be realized on other aquatic systems such as e.g. biofilms (M. Kühl unpublished results).
Measurement of internal O 2 concentration dynamics and distributions
Marine snow: copepod carcasses as microbial hotspots
Copepod carcasses have recently been identified as microbial hotspots for pelagic denitrification via a novel application of sensor microparticles for internal O 2 imaging, in combination with 15 N tracer experiments, and microbial sampling for nitrite reductase gene expression [56] . Sinking and decomposing carcasses of copepods act as anoxic microhabitats facilitating anaerobic microbial activity in otherwise oxic water-columns. O 2 sensitive sensor MPs (diameter 2-12 μm) were made of the O 2 indicator PtTFPP (Fig. S1 ) embedded in PS-MA together with the antenna dye MY [56] . The sensor microparticles were mixed with the cryptophyte Rhodomonas salina (ratio of~1:20) and fed to the investigated C. finmarchicus copepods. The microparticles were imaged with a luminescent lifetime imaging approach, where a fast gate-able 12-bit CCD camera combined with a 590 nm longpass filter [59] was used to record the luminescent lifetime of the sensor MPs inside the gut of the transparent copepod carcasses [56] . A deep blue LED equipped with a 470 nm shortpass filter was used as excitation light. [60] . The carcasses of the copepod Calanus finmarchicus showed an anoxic interior microenvironment, even at 100% air saturation in the ambient water-column, and the internal anoxic region expanded with decreasing external O 2 levels (Fig. 8) . Hence, optical sensor (micro)particles also enable internal O 2 measurements of transparent/semi-transparent tissues and/or media.
Transparent media with incorporated optical sensor nanoparticles
Sensor NPs can also be incorporated in various semitransparent matrices that can be used for embedding cells, tissues or whole organisms. This has e.g. enabled the imaging of O 2 dynamics around microcolonies of pathogenic bacteria in alginate beads containing O 2 NPs [119] . A similar approach can also be used at larger scale to visualize and quantify O 2 and pH microenvironments around aquatic plants as detailed in the following sections.
Rhizosphere O 2 microenvironment and dynamics
Optical sensor NPs have been successfully incorporated into reduced, transparent artificial sediment to visualize O 2 concentrations and dynamics around rhizomes and roots of seagrasses [53, 54] . The transparent artificial sediment was functionalized via incorporation of optical O 2 sensor NPs consisting of PtTFPP (Fig. S1, Table 1 ) and MY (Table 1) in PSMA (Table 1) into a pH-buffered, deoxygenated sulfidic agar matrix [53] . A ratiometric luminescence imaging approach was chosen, using a SLR camera system and blue LED excitation [31, 52] . The functionalized artificial sediment was used for real-time mapping of the O 2 distribution and dynamics in the entire seagrass rhizosphere upon changing light conditions and water-column O 2 concentrations surrounding the plant leaves ( Fig. 9; [53] ). Seagrass growth and photosynthetic activity was not compromised when immobilizing the belowground tissues into the functionalized, reduced artificial sediment as the cultured seagrasses showed similar growth rates and quantum yields of photosystem II (PSII) (i.e., a measure of the plants photosynthetic activity [122] ) as in healthy natural seagrass populations. Radial O 2 loss from the belowground tissue of seagrasses, especially the root/shoot junctions and root-tips, was highest during illumination of the leaf canopy and lowest during darkness in a deoxygenated water-column (Fig. 9) . This demonstrated the strong dependence of seagrasses on passive diffusion of O 2 into their leaves during darkness to sustain aerobic metabolism in distal roots and maintain seagrassgenerated rhizospheric oxic microzones; [123] [124] [125] . In comparison to partial mapping with planar O 2 optodes and microsensorbased point measurements, the artificial sediment functionalized with sensor NPs enables chemical imaging of the whole rhizosphere, which is a significant methodological advancement for microenvironmental studies of plant rhizospheres [53] .
Rhizosphere pH microenvironment and dynamics
Artificial sediment functionalized via pH sensitive optical sensor NPs were developed to study the dynamics and heterogeneity of pH values in plant rhizospheres [54] . Here, a ratiometric luminescence imaging approach was chosen using a multichip 405 nm LED combined with a bandpass filter as excitation light and a SLR camera combined with a macro-objective lens and a 455 nm longpass filter for imaging recordings [54] . The optical pH sensor NPs consisted of a reference dye, perylene, and a lipophilic indicator dye, HPTS(DHA) 3 (Fig. S2, Table 1 ) incorporated into the triblock copolymer Pluronic® F-127. The final sensor NP concentration in the reduced agar matrix was~7% (v/v) [54] and enabled first whole rhizosphere imaging of the pH dynamics around seagrass tissue upon changing environmental conditions such as light/dark conditions and temperature increases. Pronounced micro-heterogeneity was observed within the seagrass rhizosphere (Fig. 10) , with distinct low and high pH microenvironments around the belowground seagrass tissue as compared to the bulk sediment pH. The low pH microenvironments correlated with the plant-driven oxic sediment microenvironments (see Fig. 9 ) as a result of local sulphide oxidation [54] . These belowground oxic microenvironments are very important for the plants as they function as Boxic microshields^that protect the plants from potentially toxic sulphide intrusion (by detoxifying the immediate rhizosphere [123] ) and furthermore stimulate microbial oxidation of toxic hydrogen sulphide in the seagrass rhizosphere [126] . Moreover, the acidification of particular rhizosphere microenvironments documented with NP-based imaging (Fig. 10) have demonstrated phosphorous solubilisation in carbonate-rich tropical sediments as a result of protolytic dissolution of carbonates [45] .
3D bioprinting with bioinks functionalized with sensor nanoparticles
Besides simple embedding of sensor nanoparticles in hydrogel matrices surrounding the sample as outlined above, it was recently demonstrated that sensor NPs can be incorporated into biocompatible printing materials (bioinks) utilized for 3D bioprinting of constructs containing living cells [67] . The functionalized bioink consisted of O 2 -sensitive NPs using a PtTFPP indicator dye (Fig. S1 , Table 1 ) and an inert fluorescent coumarin (Bu 3 Coum) as reference dye in a PSMA matrix, which were homogenously dispersed into an alginate/methylcellulose hydrogel mixture for bioprinting [67] . Such functionalization of bioinks via sensor NPs enabled dynamic O 2 imaging of microalgal photosynthesis and respiration in intact 3D structures without significant interference from microalgal autofluorescence (Fig. 11) . Microalgae viability in the 3D printed constructs with sensor NPs was confirmed by variable PAM chlorophyll fluorescence imaging [67, 127] .
Using bioink containing sensor NPs allows for rapid evaluation of metabolic activity, and e.g. species interactions within complex structural matrices resembling natural systems (biofilms, corals and other surface-associated microbial communities and symbioses) in response to changing external incubation conditions [67] . Such combination of 3D bioprinting with chemical imaging is a powerful new tool for microenvironmental analysis in many basic and applied research disciplines, e.g. for describing cellular interactions during formation and development of artificial tissues and biofilms. In addition, by mapping O 2 distributions and dynamics in 3D-bioprinted constructs it is now possible to optimize scaffold designs for construction of artificial photosynthetic biofilms or corals with optimal light harvesting capacity and photosynthetic quantum yields, or other constructs that enable efficient growth of different cell types in close proximity [67] . Table 1] and MY [Table 1 ] in a PS-PVP matrix, diameter < 500 nm) have also been used to study the O 2 distribution and dynamics around burrows of the larvae of the water insect Chironomus plumosus during active ventilation of their burrows in the sediment [55] . For this, sensor NPs were dispersed in the overlaying water of the burrow and were illuminated with a planar laser light sheet technique. Planar optodes normally restrict water movement at the foil surface and thus affects the O 2 concentration distributions across the water/ sediment interface. By applying the laser light sheet technique in combination with a lifetime imaging approach and sensor NPs in the overlaying water for imaging: i) the water movement at the water/sediment interface was not restricted, ii) the signal recordings were independent of the luminescent sensor dye concentrations, and iii) sorption of the sensor dye to sediment particles was limited. This novel imaging technique thus enabled imaging the O 2 dynamics at the water-sediment interface under complex flow conditions and allowed first measurements of the ejection of O 2 -depleted water plumes from the burrow outlets (Fig. 12) [55] .
Conclusion, current challenges and future prospective
There is tremendous potential for employing optical sensor NPs to study chemical microenvironments in aquatic systems.
They can unravel how changing environmental conditions and community structure affects chemical microenvironments, solute distribution and dynamics at high spatiotemporal resolution with minimal interference. Currently, mainly optical O 2 and pH sensor NPs are used, although there is a strong need for mapping and visualizing other analytes to understand a range of biogeochemical processes. Analytesensitive optical sensor NPs are under rapid development especially for biomedical applications, which will also enable novel sensor NP-based applications in aquatic systems. Potentially applicable NPs already exists (see Tables 2, 3 , 4, and 5), which have not yet been used in aquatic systems but are promising e.g. due to their low toxicity. To further realize this potential, more interaction between sensor developers and environmental scientists is needed. New tools enable biologists to ask novel questions and to understand complex systems better. At the same time chemists and material scientists can profit from a more application-driven approach for developing new sensors, which are functional in specific natural systems and help address important biological and biogeochemical questions. Table 2 summarizes optical, pH sensitive NPs. Only one NP material, HPTS(DHA) 3, has been used so far in an aquatic application, namely the fabrication of artificial sediment to visualize pH dynamics in the rhizosphere of seagrass. The advantage of using this dye is the lipophilic side chain, which allows the use of an easy precipitation technique for NP fabrication. A disadvantage, however, is that it is not over time due to pumping activity of the larvae. No O 2 concentration was determined for the sediment (here blue). Reproduced from [56] , © 2016 Association for the Sciences of Limnology and Oceanography commercially available, but the synthesis is described in the literature [128] . This is of course limiting for application oriented groups without the possibility to do chemical synthesis.
The other described dyes in Table 2 are suitable but have hitherto not been used in aquatic applications. All together they cover pK a values from 5.6 to 8.3 (depending on temperature and salinity), covering an operational range of pH values between 4.6 and 9.3. As a rule of thumb -imaging can be done within ±1 pH units of the pK a . Although this covers the most relevant physiological range, application-dependent pH values outside of this span can be of interest as well, in order to visualize local minima or maxima. Table 3 summarizes the most frequently used O 2 -sensitive NP and MP systems. Analyte-wise, O 2 − sensitive OSPs are the most established systems. They have been broadly applied in aquatic research spanning from being incorporated in artificial sediment, over being used in the gut interior of copepods, to being spray painted on complex structures such as coral surfaces. They have also been used in bioprinting and to visualize surface dynamics of sediments. Their success can partly be attributed to their use of commercially available dyes (PtTFPP and MY can both be purchased), but also to their high (photo)stability. OSP preparation can be done e.g. with the very simple precipitation technique; they have long shelf lives and have a broad dynamic range in relevant concentra- The wide array of potential candidates to choose from for aquatic applications is beneficial for tailoring the system to specific needs. For instance the luminescent dyes can be chosen to avoid an overlap of the emission spectrum with e.g. chlorophyll fluorescence, calcite luminescence, or luminescence frequently observed in marine organisms such as corals or anemones. Here we recommend measuring background fluorescence prior to choosing a dye system, as emission wavelengths can be influenced by the sample composition or change from organism to organism. Table 4 summarizes temperature sensitive MPs and NPs, which can be potentially used in aquatic systems. Temperature-sensitive OSPs can be of great importance as luminescence processes are in general temperature dependent, and these particles can be used to compensate for temperature effects in other dye systems. We expect future developments, where the incorporation of multiple analyte-sensitive dyes within the same OSP matrix will increase in importance.
Planar optode systems, which are capable of dual sensing (e.g. O 2 and T [97, 129, 130] , or pH and O 2 [32, 57] ) are gaining popularity, and we believe it is only a matter of time for NPs or MPs to follow that trend. Ranges from below 0°C (around the freezing point of e.g. highly saline seawater) to up 100°C (or even higher) can be of interest, to span samples from cold seawater, over hot springs, to even hydrothermal vents.
Different ion-sensitive dyes have been reported for medical and immunobiological applications and are summarized as potential candidates for aquatic applications in Table 5 . Here it needs of course to be evaluated, which analytes are relevant for aquatic systems. In our opinion, all of the analytes mentioned in Table 5 can be of interest in different fields of aquatic research.
Copper and zinc concentrations can e.g. be toxic at even low concentrations to marine organisms. Schuler and coworkers [132] summarize data on copper toxicity due to short term, chronic or acute copper exposure on various fresh-and saltwater organisms. Concentrations are usually low as copper is complexed, however, can be locally increased by e.g. ship wrecks, anti-fouling paint [133] , or sewage discharges [134] . Concentration ranges of interest are sample dependent and may vary greatly from pristine rivers, over marinas to mining regions (e.g. reported up to 48 μg L −1 (or 750 nmol L −1 ) at a coastal area in Norther Chile [135] ).
Overall concentrations are however expected in low nmol L −1 ranges [136] . For concentration ranges of interest we refer to the book BBioaccumulation in Marine Organisms^by Jerry Neff, who summarized among other analytes published zinc [137] and copper [138] concentrations in different aquatic environments. Very promising research is done in this field, with novel approaches outside of polymeric OSPs; i.e. by using surface modified magnetic beads [139] or quantum dots [140] ; just to name a few. Calcium is of course of major importance in marine systems; e.g. calcification rates have been investigated in correlation to photosynthesis in corals [141] , but also plays an important role in freshwater systems, including lake water concentrations and bottom depositions [142] or drinking water [143] . Concentration levels are estimated in the mmol L −1 range, are however sample dependent and should be looked up prior to conducting experiments. For depletion or oversaturation experiments higher and lower concentration ranges should however be measurable as well.
Potassium sensing of course has to deal with a high background concentrations in (sea)water. Inland waters are reported with minimal concentrations between 1 and 5 μmol L −1 but in general not exceeding 10 μmol L −1 [144] . Seawater concentrations (which of course depend on salinity) are estimated with~9700 μmol L −1
. Increased amounts of potassium can be found in inland waters close to seawater due to sea-spray and it being transported by rain [144] Thus, applying increasing K + gradients on freshwater organisms or decreasing concentrations on seawater organisms could be a potential application; especially within organisms (e.g. feeding of OSPs) to visualize how the specific organism can compensate for this ion imbalance. Thus, application-specific potassium-ion sensors should be able to resolve concentrations exceeding the physiological concentration present in the specific sample. Other potential applications include monitoring of fish gills, clams or inside organisms to monitor physiological conditions. It is essential for applications, however, that the potassium sensitive material shows no cross-sensitivity to other ions such as sodium, which is present in abundance.
Chloride sensors can be of interest to monitor salinity changes e.g. in intertidal samples, where a dynamic salinity range spanning from 0 to hypersaline conditions is required. Additional applications, which are relevant for all other mentioned sensor materials are feeding experiments, or measurements in the gut, similarly to the copepod application described by Glud and coworkers [56] . Salinity gradients in the seawater have also been shown to influence the swimming performance and respiration of certain perch species [145] . Combined measurements of Cl − ions and O 2 concentration on e.g. the fish gills could thus be of great interest. When comparing OSPs to other well-established techniques such as (optical) microsensors or planar optodes, their major advantage is that they can be used for chemical imaging in and around structurally complex samples. While such mapping can also be done with microsensors, only a limited amount of measurements is typically feasible in a specific sample without imposing disturbances or other changes in sample conditions. This results in a low spatio-temporal coverage and extrapolation of such data can be very challenging in heterogeneous, dynamic systems. Planar optodes can only map chemical gradients below or around structures in direct contact with the sensor foil and are thus more suitable for samples pressed onto or growing directly on the foil. However, OSPs also have limitations and several aspects need to be considered when using them for biological studies. Potential toxicity of the particles is a major issue, which needs to be evaluated carefully in each application and for each OSP type. In this aspect, more work is needed in particular when it comes to uptake of particles into cells and tissues.
Other issues include optical interferences such as scattering, background fluorescence and camera related artefacts. Camera systems have a certain depth of field, meaning a certain plane is in focus, but other areas might not be. This can distort the results, especially when working with very uneven surfaces. It is important to keep this in mind when adjusting the focal point of the camera on a sample and later when analyzing the images. We strongly believe, or hope, that future developments in regard to camera systems will increase the depth of field, enable real 3D resolution of OSPs, or a more modular option to move the camera system around the sample. Other issues might arise when working with living systems such as corals. Being covered with a polymer layer can be stressful for such sensitive systems and they might try to remove them by excessive mucus production. They can also show a stress response to the handling procedure, which might result in unexpected behavior. Equilibration times should be allowed; however, sometimes compromises might be necessary when working with such complex systems.
In conclusion, optical sensor NPs are emerging novel tools with tremendous potential for further application in aquatic science. First applications have demonstrated the versatility and broad applicability of sensor NPs for i) mapping the chemical landscape of complex structures such as coral surfaces [25, 52] and the rhizosphere of aquatic plants [53, 54] , ii) incorporation of sensor NPs (or MPs) in 3D bioprinted living constructs [67] , and iii) visualization of chemical dynamics at the water-sediment interface [55] or inside dead and living organism [56] . OSPs can be modified for optimal use in different environments by changing the sensor chemistry, matrix material and additives, as well as other variables such as size and surface charge for optimizing immobilization/ internalization in samples. There exists a plethora of various readout options for OSPs ranging from simple macroscopic ratio imaging, advanced light sheet and confocal microscopy, over luminescence intensity to lifetime measurements at different spatial scales in aquatic systems and organisms.
